Nucleation and Transport Organize
Microtubules in Metaphase Spindles
Jan Brugués,1,2,* Valeria Nuzzo,2 Eric Mazur,2 and Daniel J. Needleman1,2
1Department of Molecular and Cellular Biology and Center for Systems Biology, Harvard University, 52 Oxford Street, Cambridge,
MA 02138, USA
2School of Engineering and Applied Sciences, Harvard University, 9 Oxford Street, Cambridge, MA 02138, USA
*Correspondence: jbrugues@fas.harvard.edu
DOI 10.1016/j.cell.2012.03.027

SUMMARY

Spindles are arrays of microtubules that segregate
chromosomes during cell division. It has been difficult to validate models of spindle assembly due to
a lack of information on the organization of microtubules in these structures. Here we present a method,
based on femtosecond laser ablation, capable of
measuring the detailed architecture of spindles. We
used this method to study the metaphase spindle in
Xenopus laevis egg extracts and found that microtubules are shortest near poles and become progressively longer toward the center of the spindle. These
data, in combination with mathematical modeling,
imaging, and biochemical perturbations, are sufficient to reject previously proposed mechanisms of
spindle assembly. Our results support a model of
spindle assembly in which microtubule polymerization dynamics are not spatially regulated, and the
proper organization of microtubules in the spindle
is determined by nonuniform microtubule nucleation
and the local sorting of microtubules by transport.
INTRODUCTION
In Eukaryotes, the spindle segregates chromosomes during cell
division. Spindles are composed of microtubules and associated
proteins that regulate microtubule polymerization dynamics,
transport, and nucleation, but the manner in which these activities generate bipolar spindles—and the extent to which they
are spatially regulated—is not understood.
A wide variety of models have been proposed to explain how
the spatial and temporal regulation of microtubules and associated proteins results in the assembly of the spindle (Dumont and
Mitchison, 2009; Goshima and Scholey, 2010; Mogilner and
Craig, 2010). Some models postulate that the organization of
the spindle is controlled by reaction-diffusion systems of soluble
proteins that stabilize and nucleate microtubules near chromosomes (Karsenti and Vernos, 2001; Sampath et al., 2004). Others
argue that the architecture of the spindle is governed by selective
stabilization (Greenan et al., 2010) or destabilization of microtubules near spindle poles (Loughlin et al., 2010). Spindle structure
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might also be determined by a tight regulation of the lengths of
individual microtubules, even without spatial variations in microtubule stability (Howard and Hyman, 2007), a balance of forces
between different mechanical elements (Dumont and Mitchison,
2009), the distance a microtubule travels before it depolymerizes
(Burbank et al., 2007), or the nucleation of microtubules off of
other microtubules (Goshima et al., 2008). Different mechanisms
could also be present in other systems (Goshima and Scholey,
2010). These models make distinct predictions for the lengths
and organization of microtubules in the spindle—for example,
if microtubules are stabilized around chromosomes, they would
be longer near chromosomes, whereas if microtubules are stabilized near spindle poles, they would be longer at that location.
However, there is currently insufficient structural information
on spindles to determine the validity of these models.
Microtubules in spindles are too dense to resolve with
light microscopy, even with modern super-resolution techniques
(Schermelleh et al., 2010). Individual microtubules in spindles
can be clearly seen with electron microscopy (EM), but the
largest spindles whose structures have been completely reconstructed to date are from the yeasts Schizosaccharomyces
pombe (Ding et al., 1993) and Saccharomyces cerevisiae (Winey
et al., 1995, 2005), which are approximately 2 microns long
at metaphase and contain !40 microtubules. Spindles from
Metazoans can have volumes thousands to tens of thousands
of times larger than those of yeasts, so obtaining detailed EM
data on these structures is challenging. Partial reconstructions
of larger spindles (McIntosh and Landis, 1971; Mastronarde
et al., 1993; Heald et al., 1997; Srayko et al., 2006) have revealed
that these spindles can contain thousands to hundreds of thousands of microtubules, the majority of which are nonkinetochore
microtubules, that do not make direct contact with chromosomes. However, the limited extent of these reconstructions is
insufficient to determine the organization and lengths of microtubules in these spindles. Indirect methods have shown that microtubule plus ends and minus ends are located throughout larger
spindles and have been used to argue that microtubule lengths
are broadly distributed in these structures (Burbank et al.,
2006; Yang et al., 2007). However these techniques are unable
to resolve spatial variations in microtubule length and organization within spindles, greatly limiting the conclusions that can be
drawn from them.
We have developed a method, based on femtosecond
laser ablation, capable of quantitatively measuring the length
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Figure 1. Laser Ablation Induces Fronts of Synchronous Microtubule Depolymerization
(A) Geometry of a laser cut in the spindle.
(B) Series of fluorescent images of a spindle taken before the cut and at 5 s and 10 s after the cut. Scale bar, 10 mm. See also Movie S1.
(C) Graphical representation of the cut microtubules from (B). The laser-cut microtubules (gray) generate a pair of microtubules with new plus ends (red) and new
minus ends (green). The newly generated minus ends (green) remain stable, whereas the newly generated plus ends depolymerize (red), which creates two
depolymerization fronts of opposed polarity. see also Figure S1.

distribution and polarity of microtubules throughout spindles, as
well as the density and locations of microtubule plus ends and
minus ends. We used this method to characterize microtubules
in metaphase spindles assembled in Xenopus laevis egg extracts. We discovered a complex organization in these spindles,
in which microtubules are shortest at poles and progressively
increase in length toward the center of the spindle. These structural data, in combination with biochemical perturbations, fluorescence optical imaging, and mathematical modeling, support
a model in which the internal architecture of the spindle arises
from the spatial profile of nucleation in combination with local
sorting of microtubules by transport.
RESULTS
Laser Ablation Induces Synchronous Depolymerization
of Microtubules in Spindles
We used a pulsed amplified femtosecond laser to cut microtubules in metaphase-arrested spindles assembled in Xenopus
laevis egg extracts (Hannak and Heald, 2006; Murray, 1993).
As opposed to mechanical cutting techniques or long-pulsed
laser severing, femtosecond laser ablation can be used to perform very accurate and selective surgery in the sample bulk
with energies of only a few nanojoules (Heisterkamp et al.,
2005). We cut thin, rectangular regions, typically 20 3 2 3
0.1 mm3 (Figure 1A). These cuts induce a rapid, synchronous
depolymerization of microtubules that propagates toward the
poles (Figure 1B; Movie S1 available online). After approximately
1 min, the spindles completely recover to their previous state,
showing no signs of damage. When microtubules are cut
in vitro (Walker et al., 1989) or in interphase cells (Khodjakov
et al., 2004; Botvinick et al., 2004; Colombelli et al., 2005), the
newly generated plus ends rapidly depolymerize, whereas the
newly generated minus ends remain stable, and strong arguments have been made that the same phenomenon occurs in
spindles (Inoué, 1964; Forer, 1965; Spurck et al., 1990; Leslie

and Pickett-Heaps, 1984; Maiato et al., 2005; Tirnauer et al.,
2004; Nicklas et al., 1989). Cutting individual polarity-marked
microtubules and polarized arrays of microtubules in extract
confirms that cut microtubules depolymerize from the newly
generated plus ends (see Extended Experimental Procedures
and Figure S1). We therefore interpret the waves of microtubule
depolymerization as coming from depolymerizing newly generated microtubule plus ends produced by the laser cut (Figures
1C and S1).
We quantified the rate of microtubule depolymerization after
a cut by numerically calculating the time derivative of the intensity at each pixel of the images in the time-lapse movies (Figures
1B and S3; Movie S1). This procedure shows that depolymerization occurs in two narrow fronts perpendicular to the long axis of
the spindle (Figure 2A; Movie S2), which can be conveniently
visualized by integrating the depolymerization in the perpendicular direction to the spindle axis and plotting the fronts on a onedimensional graph (Figures 2B and S3). The fronts propagate
toward the poles at a constant velocity (Figure 2B, insert), with
an average speed of 34.7 ± 1.7 mm/min, corresponding to the
microtubule depolymerization velocity. The images of the propagating fronts of depolymerization (Figure 2A) are reminiscent
of data from tubulin photoactivation experiments (Sawin and
Mitchison, 1991), but these two measurements are fundamentally different as photoactivation is used to visualize marked
tubulin in the microtubule lattice, whereas the fronts are direct
measures of microtubule depolymerization.
The Asymmetry in the Depolymerization Fronts Reveals
the Polarity of Microtubules in Spindles
The total amount of microtubule depolymerization immediately
after the cut is typically different for the two depolymerization
fronts that are created (Figure 2B, blue curve—the area under
the two peaks is different). As depolymerization after a cut is
due to newly generated plus ends (see above), this asymmetry
in microtubule depolymerization is caused by a different number
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Figure 2. Characterization of the Fronts of Depolymerization
(A) Rate of intensity loss 5 s, 10 s, and 15 s after the laser cut obtained by calculating the negative of the temporal derivate at each pixel of the movie corresponding
to Figure 1B and applying a Gaussian filter to aid visualization. See also Movie S2.
(B) One-dimensional profile for the rate of intensity loss from Figure 2A at 5 s (blue), 15 s (black), and 25 s (orange) (see also Figure S2). Inset, trajectories of the
wave front for three cuts at 8.6 mm (blue), 16.8 mm (green), and 20.7 mm (black).
(C) Spatial dependence of microtubule polarity. Error bars represent standard deviations (SD) for positions and standard errors of the mean (SEM) for
polarity.
(D) Total normalized rate of intensity loss as a function of the distance from the cut and corresponding exponential fits, for cuts performed at an average of 8.6 mm
(blue triangles), 16.8 mm (green squares), and 20.7 mm (black circles) from the pole toward which the front propagates. The bars are SD.
(E) Spatial variation of the decay (inverse decay length) of the depolymerization front obtained by fitting an exponential to the rate of intensity loss as a function of
the distance from the cut. The bars correspond to the SD for the position and are calculated using error propagation of the error in the fit and the error in the
propagation velocity of the front for the inverse decay length.

of newly generated plus ends in the two directions. Therefore,
the relative ratio of the initial area under the fronts is a measure
of the polarity—the fraction of microtubules pointing in one
direction—at the location of the cut (see Extended Experimental
Procedures). We investigate the spatial variation of polarity in the
spindle by cutting a total of 36 spindles at different locations and
grouping the cuts by proximity with at least 5 spindles per group
(Figure 2C). In the middle of the spindle, the polarity is 0.48 ±
0.05, with equal numbers of microtubules pointing in both directions, whereas, close to a pole, the majority of microtubules are
oriented with their plus ends away from the pole. These results
are consistent with previous EM measurements of microtubule
polarity in other spindles (Euteneuer et al., 1982; Heald et al.,
1997).
The Progressive Decrease in the Depolymerization
Fronts Reveals the Locations of the Minus Ends
of Cut Microtubules
The area of the front of depolymerization decreases as it progresses away from a cut (Figure 2B). This decrease is not caused
by photobleaching, which is negligible during the lifetime of the
556 Cell 149, 554–564, April 27, 2012 ª2012 Elsevier Inc.

front (Figure S2A), and indicates that progressively fewer microtubules depolymerize as the front advances. We quantify this
decrease by averaging results from different spindles cut at
similar locations. The area under the front decays exponentially
(R2 > 0.99) for all cuts, but the length scale of this decay depends
on the position of the cut (Figure 2D): fronts from cuts made near
the pole exhibit a rapid decay as they propagate toward the
pole, whereas fronts from cuts made far away from the pole
display more gradual decays as they progress in that direction
(Figure 2E).
Two different mechanisms could explain the decrease in
microtubule depolymerization as the front advances: (1) cut
microtubules might depolymerize all the way to their minus
ends, and, if these minus ends are spread throughout the
spindle, that would result in less depolymerization as the front
progresses (Figure 3A, upper); (2) depolymerizing microtubules
might experience rescues, converting to a nondepolymerizing
state (Figure 3A, lower). The first mechanism is likely to contribute to the decrease in depolymerization because there is
extensive evidence that microtubule minus ends are present
throughout Xenopus laevis extract spindles (Burbank et al.,
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Figure 3. Using Laser Cuts to Study the Organization of Microtubules in Spindles
(A) The decrease in depolymerization as the front propagates could be caused by cut microtubules (left) either depolymerizing completely to their minus ends
(upper, dotted red) or converting to a nondepolymerization state (lower, solid green). See also Figure S2.
(B) Two examples illustrating that the decay of the front depends on both microtubule organization and length. Upper: If microtubules are arranged with all minus
ends at the poles, the amplitude of the depolymerization wave remains constant until reaching the pole. Lower: If microtubules of the same length are randomly
arranged, the depolymerization wave decreases linearly as it approaches the pole.
(C) Graphical representation of the two-cut method for measuring microtubule lengths and organization (see also Figure S3). In this graphical representation, we
only consider microtubules of one polarity. Upper left: A cut at a distance x from the pole severs microtubules that cross x (gray). These microtubules depolymerize to their minus ends, located a distance y from the cut (green), revealing the densities of minus ends n(x,y), located at a distance x ! y from the pole, of
microtubules that cross the cut at x. Lower left: A cut performed at a nearby location will typically have a different decay profile because microtubules severed by
the second cut (dotted yellow) do not necessarily have the same lengths and organization as microtubules severed by the first cut (solid green). Right: The
difference between the minus-end densities from the two cuts is equal to the densities of minus ends whose corresponding plus ends lie between the two cuts
(red microtubules and solid red profile).

2006; Yang et al., 2007; Needleman et al., 2010). As the
frequency of rescues in Xenopus laevis spindles has not been
directly measured, we designed a method to quantify the
importance of this second mechanism (see Extended Experimental Procedures). Briefly, if the decrease in depolymerization
is primarily caused by rescues, then this decrease would not
be changed by perturbations that increase microtubule length
through a reduction in the frequency of catastrophes. Therefore,
we perturbed microtubule lengths by inhibiting the protein
MCAK (also referred to as XKCM1 or KIF2C), a microtubule
depolymerase that increases catastrophe frequency in vivo
(Walczak et al., 1996) and in vitro (Desai et al., 1999). We
measured that the rate of decay of the front in these perturbed
spindles is greatly reduced, showing that the rescues are negligible (see Extended Experimental Procedures). These results
demonstrate that the decrease in depolymerization as the front
progresses is caused by the cut microtubules depolymerizing
all the way to their minus ends, which are spread throughout
the spindle. Conversely, this means that the decrease in depolymerization of the advancing front provides a quantitative
measure of n(x,y), the density of microtubule minus ends located
at a position x ! y from microtubules that were cut at position x
(Figures 3 and S3; Extended Experimental Procedures). The
dynamics of individual microtubules in these extracts suggest
that the minus ends are static during the time the front propagates (see Figure S1C).

Combining Information from Two Cuts Allows
a Quantitative Measure of the Length and Organization
of Microtubules in Spindles
The lengths of microtubules that cross the cut cannot be inferred
from the positions of their minus ends alone, as this depends
on both their length and organization in the spindle (i.e., the
locations of both their plus ends and minus ends). This effect is
illustrated in Figure 3B, which demonstrates how microtubules
with the same lengths can have minus ends at different locations
and thus produce different decays.
We devised a method that uses information from multiple
cuts to extract both the locations and densities of microtubule
minus ends and plus ends, as well as the length distribution
of microtubules at different locations in the spindle. We present
an overview of the method here (Figures 3C and S3), and a
more detailed derivation is given in the Extended Experimental
Procedures. Consider a cut in a spindle such as in Figure 3C,
upper left. We will analyze the front traveling toward the left
pole, which is caused by cut microtubules whose plus ends
point away from that pole. The locations and densities of the
minus ends from these microtubules are specified by the decay
of the front. Although the locations of their plus ends previous to
the cut are unknown, these plus ends must extend past the cut.
Two nearby cuts do not necessarily exhibit identical decays
(Figure 3C, lower left). Indeed, from the microtubules severed
by the first cut, only those whose plus ends extend past the
Cell 149, 554–564, April 27, 2012 ª2012 Elsevier Inc. 557
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Figure 4. Microtubule Length Distributions in the Spindle
(A) Normalized probability distribution of microtubule lengths pointing away from a pole at three different distances from the pole, 8.6 mm (black circles), 16.8 mm
(green squares), and 39.8 mm (blue triangles), and corresponding error bars obtained from error propagation. Solid lines correspond to exponential fits (R2 = 0.98,
0.94, and 0.93, respectively). In the inset, the same data are displayed on a log-linear plot.
(B) Spatial variation of the microtubule mean length measured from their plus ends (black circles). Error bars are obtained from the SD for the position and from
error propagation for the mean length.

second cut are also severed by the second cut. Therefore
differences between the minus ends obtained from the two
cuts correspond to those minus ends whose plus ends are
located between the two cuts, i.e., those microtubules that
cross the location of the first cut but not the location of the
second cut (Figure 3C, right). In mathematical terms (Figure 3C
and Extended Experimental Procedures), the densities of
microtubules of length y whose plus ends are located at a position x, r(x,y), are related to the densities of microtubule minus
ends at a position x ! y from microtubules that cross a position
x, n(x,y), by
!
"
v v
rðx; yÞ = !
+
nðx; yÞ;
(1)
vx vy
where the two partial derivatives arise because, in this coordinate system, the positions of minus ends depend on both y
and x. As n(x,y) can be measured from individual cuts, this
equation allows us to combine information from multiple
cuts on different spindles to measure the length distribution
of microtubules at different locations throughout spindles,
r(x,y) (see Extended Experimental Procedures for additional
information).
Numerically evaluating Equation 1 using data obtained from
different cuts reveals that microtubule lengths are exponentially
distributed at all locations, though their average length depends
on their position in the spindle (Figure 4A). The mean length of
microtubules near a pole, with their plus ends pointing away
from that pole, is 2.4 ± 1.0 mm. Microtubule lengths monotonically increase away from that pole, reaching a maximum of
13.7 ± 1.1 mm (Figure 4B).
Distinguishing Mechanisms of Microtubule Length
Regulation in Spindles
Why are microtubules shorter near spindle poles and longer
away from them? This spatial variation in microtubule lengths
558 Cell 149, 554–564, April 27, 2012 ª2012 Elsevier Inc.

must result from a spatial variation in some aspect of microtubule
behavior. We consider two very general classes of models:
(1) Spatially varying microtubule stability: the increase in
microtubule length away from poles might result from
microtubules being selectively stabilized in the central
region of the spindle (perhaps caused by proximity to
chromosomes) or the destabilization of microtubules
close to the poles.
(2) Spatially varying microtubule nucleation with microtubule
transport: the observed differences in microtubule lengths
could also arise with spatially uniform microtubule stability. If the creation of new microtubules—nucleation—
is not uniform in the spindle, then microtubule transport
can displace microtubules, creating a nonuniform length
distribution in the spindle, which will depend on the nucleation profile and the extent of microtubule transport.
A Mathematical Model Reveals that Either Spatially
Varying Nucleation or Spatially Varying Stability Could
Reproduce the Measured Lengths of Microtubules
We developed a mathematical description to investigate the validity of the two models—spatially varying microtubule stability
(model 1) and spatially varying microtubule nucleation with
microtubule transport (model 2). Our description includes the
key elements of microtubule behavior: nucleation, transport,
and polymerization dynamics. Briefly, we model microtubules
as polymerizing at a rate of np = 10 mm/min (measured from
Alexa569-EB1, data not shown, and Tirnauer et al., 2004), depolymerizing at a rate nd = 35 mm/min (estimated from the propagation velocity of the fronts after a laser cut), and transported
toward their minus ends at a constant velocity nt = 2.5 mm/min
(measured from speckle microscopy, data not shown, and Miyamoto et al., 2004). We characterize microtubule stabilization via
a catastrophe rate g: the rate of transitioning from the polymerizing state to the depolymerizing state. Incorporating alternative

mechanisms of spatially varying stability—such as disassembly
from minus ends or severing—would not substantively alter the
conclusions that follow. Finally, we model the creation of new
microtubules via a rate of microtubule nucleation r. We then
considered two extreme limits corresponding to our two potential models: either a uniform rate of microtubule nucleation r and
a spatially varying rate of catastrophe g to represent spatially
varying microtubule stability (model 1) or a spatially varying
rate of nucleation and a uniform catastrophe rate to represent
spatially varying microtubule nucleation (model 2).
To test these two potential scenarios, we sought to determine
whether it was possible to find a profile of catastrophe (model 1)
or a profile of nucleation (model 2) that could reproduce the
measured variation in microtubule lengths in the spindle. We
numerically fit both models to the data, keeping all other parameters fixed (Figures 5A and 5B; Extended Experimental Procedures). Both models result in good fits to the measured microtubule length distribution (Figure 5C, with R2 > 0.99 for both
models), indicating that either of these models could potentially
account for the observed spatial variation in microtubule lengths.
Tubulin Incorporation and Polymerizing Plus Ends Are
Consistent with Spatially Varying Nucleation with
Microtubule Transport and Inconsistent with Spatially
Varying Stability
Although both models predict similar microtubule length distributions, the underlying behaviors of microtubules that give rise
to these distributions are very different. If microtubule nucleation
is peaked in the center of the spindle as postulated in the
spatially varying nucleation with microtubule transport model,
then tubulin incorporation would be more rapid in the center of
the spindle. In contrast, the spatially varying stability model
predicts more rapid turnover at the poles (intuitively: in this model
microtubules are shorter at poles because they are less stable
there, so, if microtubule density is constant, they must turnover
more rapidly at poles). We measured microtubule turnover in
spindles by spiking in Atto565-labeled tubulin to previously
assembled spindles in the presence of Atto488-tubulin and
imaging fixed samples at various time points to follow the incorporation of new tubulin into the spindle (Figure 5D, upper) (Brown
et al., 2007; Burbank et al., 2006; Needleman et al., 2010). These
data indicate that tubulin becomes more rapidly incorporated in
the center of the spindle and are quantitatively consistent with
the predictions of the spatially varying nucleation with microtubule transport model, using the previously determined nucleation profile (compare Figure 5D, lower, gray solid lines and
blue solid lines). These results are inconsistent with the spatially
varying stability model, which predicts more rapid incorporation
of tubulin at poles (Figure 5D, lower, dashed yellow lines).
If the spatially varying nucleation with microtubule transport
model is correct, an increased rate of microtubule nucleation in
the center of the spindle would result in a higher density of
growing plus ends at the center compared to the poles. In
contrast, the spatially varying stability model predicts a more
uniform density of growing plus ends (arising from the constant
nucleation rate and the addition of growing microtubules of
both polarities). We measured the densities of growing plus
ends in spindles using fluorescently labeled EB1 (Alexa568-

EB1), a +TIP protein that selectively labels growing plus ends
(Tirnauer et al., 2004). As observed previously (Tirnauer et al.,
2004), we found that EB1, and thus growing plus ends, is enriched in the center of the spindle (Figure 5E, upper). These
results are quantitatively consistent with the predictions of the
spatially varying nucleation model using the previously determined nucleation profile (compare Figure 5E, lower, gray solid
lines and blue solid lines) but are inconsistent with predictions
from the spatially varying stability model (Figure 5E, lower,
dashed yellow lines).
Inhibition of Microtubule Transport by Doubly Inhibiting
Kinesin-5 and Dynein Homogenizes Microtubule
Lengths, as Predicted by the Spatially Varying
Nucleation with Microtubule Transport Model
The spatially varying nucleation with microtubule transport
model also explains the experimentally determined densities
of plus ends and the ratio of the number of plus ends to the
number of minus ends in different regions of the spindle (Figure 5F; Extended Experimental Procedures). Therefore, all of
our measurements are consistent with spatially uniform microtubule stability and a spindle architecture that results from a combination of microtubule transport and a nucleation profile that is
enriched in the middle of the spindle (Figure 5G). Spatially
uniform microtubule stability implies that, if we follow an individual microtubule in the spindle during its lifetime, its mean
length would be the same regardless of its location in the spindle,
given that microtubule dynamic properties are uniform in the
spindle. The core of the nucleation and transport model is that
transport from different spindle locations of microtubules, whose
relative amounts are given by the spatially varying nucleation
profile, contributes to the microtubule length distribution at any
location in the spindle. A strong prediction of the model is that
decreasing the rate of transport reduces the mixing of microtubules and homogenizes the length distribution throughout the
spindle. As the minus ends of microtubules remain immobile
when transport is impaired, the model predicts that the mean
length of microtubules as measured from their minus ends—
i.e., the length of microtubules whose minus ends are at a certain
location in the spindle—corresponds to the length of an individual microtubule and is constant throughout the spindle
because the polymerization dynamics and stability of microtubules are uniform. To test this prediction, we assembled spindles
and simultaneously inhibited kinesin-5, by adding 200 mM of
monastrol (Groen et al., 2008), and dynein, by adding 2 mM of
P150-CC1 (Gaetz and Kapoor, 2004). Such doubly inhibited
spindles have a bipolar structure with focused poles but a greatly
reduced speed of microtubule transport (Miyamoto et al., 2004)
of 0.6 ± 0.2 mm/min compared to the 2.3 ± 0.4 mm/min in unperturbed spindles in our experiments (measured by speckle
microscopy; data not shown). Cutting such structures reveals
that the organization of their microtubules is drastically different
from that in control spindles. The decay length no longer
decreases near the poles but is spatially uniform and equal to
the longest decay length measured in control spindles (Figure 6A). To further investigate whether the increase on decay
length results from the inhibition of dynein or from inhibiting
microtubule transport, we assembled dynein-inhibited spindles
Cell 149, 554–564, April 27, 2012 ª2012 Elsevier Inc. 559
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Figure 5. Verification of the Nucleation and Transport Model for Microtubule Length Regulation in the Spindle
(A–C) Profile of catastrophe rate (A, green dashed) and nucleation rate (B, solid blue) obtained by fitting the measured length distribution (C).
(D) Atto565-tubulin images of turnover measurements at 30 s (upper left), 75 s (upper middle), and 120 s (upper right), after adding Atto565-tubulin to spindles
previously assembled in the presence of Atto488-tubulin. Lower: Normalized line-scan intensity profiles—Atto565-tublin intensity divided by the reference
Atto488-tubulin intensity—(gray solid) corresponding to the white dashed line in upper images, and their predictions for the stabilization (dashed green) and
nucleation (blue solid) models.
(E) Growing plus ends labeled with Alexa568-EB1 (upper). Lower: Intensity profile (gray solid), corresponding to the white dashed line in the upper image, and
predictions from the stabilization (dashed green) and nucleation (blue solid) models. The curves from stabilization and nucleation were normalized so that their
maximum intensity corresponds to the maximum of the Alexa568-Eb1 intensity profile.
(F) Densities of plus ends as a function of the distance from the poles, for microtubules pointing away from the pole, measured using the two-cut method (black
circles) and prediction from the nucleation model (blue solid). Inset: Ratio of plus to minus ends as a function of distance from the pole for microtubules pointing
away from the pole (solid black) and prediction from the nucleation model (blue solid). The bars correspond to the SD for the position and are calculated using
error propagation for the plus-end density and for the ratio of plus-end to minus-end density.
(G) Prediction of the spindle architecture obtained from the nucleation and transport model. A small fraction of microtubules are highlighted for illustration
purposes. Red lines correspond to polymerizing microtubules, and black lines to depolymerizing microtubules. Right: Microtubules of opposed polarity (arrows)
slide by the action of molecular motors (green) generating a poleward transport.
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Figure 6. Inhibition of Microtubule Transport Homogenizes Microtubule Lengths in Accordance with the Nucleation and Microtubule
Transport Model
(A) Comparison of front decays propagating toward a pole at x = 0 and microtubule polarity (inset) for regular spindles (black triangles), dynein-inhibited spindles
(green squares), and double-inhibited spindles (red circles) as a function of relative location in the spindle (distance from pole divided by total length of the
spindle). See also Figure S5.
(B) Length distribution for microtubules in double-inhibited spindles with minus ends located at 10.4 ± 1.5 mm (black triangles), 17.2 ± 0.8 mm (red circles), and
23.7 ± 0.5 (green triangles) and exponential fit (solid black) (see also Figure S5). Error bars obtained from error propagation. Inset: Mean microtubule lengths from
the minus ends (red circles) for double-inhibited spindles compared with the prediction from the nucleation and microtubule transport model (blue solid line), as
a function of the distance from the pole at x = 0. The mean microtubule lengths in double-inhibited spindles are comparable to mean microtubule lengths from
microtubules grown out of Tetrahymena pellicles. See Figure S4.

by adding 2 mM of P150-CC1. These spindles are longer than
control spindles (66 ± 9 mm), but their decay profiles as a function
of the normalized length from the spindle pole are indistinguishable from those in control spindles and markedly different from
those in doubly inhibited structures (Figure 6A). This finding
suggests that the difference in decays in the doubly inhibited
spindles is a genuine effect of microtubule transport impairment.
The resulting reorganization in these structures is most clearly
illustrated by plotting the lengths of microtubules from their
minus ends (Extended Experimental Procedures), which, in the
absence of transport, are predicted to be exponentially distributed with a mean length of vp/g z 6.6 mm in all regions of the
spindle. Experimentally, we observed that microtubule distribution lengths from the minus ends become uniform throughout
the spindle, with a mean length of 6.8 ± 1.1 mm (Figure 6B), in
agreement with our predictions. This double-inhibition experiment confirms a highly nontrivial prediction of the spatially
varying nucleation with microtubule transport model, providing
further support for its validity.
Our results show that microtubule stability in the spindle is
spatially uniform, but they do not exclude a possible global
change in microtubule polymerization dynamics inside the
spindle environment. If microtubules in spindles are stabilized,
then they should be longer than microtubules outside of spindles. We investigated the validity of this hypothesis by studying
the lengths of microtubules far removed from spindles. We
used Tetrahymena pellicles, which can nucleate thousands of
microtubules (Euteneuer and McIntosh, 1980; Coue et al.,
1991), to generate dense arrays of microtubules in Xenopus
laevis extracts (Needleman et al., 2010). Laser cuts of microtubules away from the center of these structures produce decays

that are equal to the longest observed in spindles, 0.049 ±
0.004 mm!1 and 0.051 ± 0.014 mm!1, respectively (Figure S4).
We applied the two-cut method to pellicles (which lack microtubule transport) and found that the lengths of microtubules from
their minus ends are homogeneous in these structures (Figure S4), with a mean length of 6.9 ± 1.8 mm, very similar to the
lengths of microtubules nucleated from centrosomes in these
extracts, measured by Tournebize et al. (2000) (6.3 ± 3.2 mm).
Microtubule lengths in control spindles are spatially inhomogeneous due to transport, but the mean length in doubly inhibited
spindles, where transport is perturbed, is 6.8 ± 1.1 mm, similar
to the predicted length of microtubules in a spindle in the
absence of transport, np/g z 6.6 mm. Therefore, the lengths of
microtubules in the spindle are the same as the lengths of
microtubules outside the spindle (nucleated from pellicles or
centrosomes), arguing that microtubules are not stabilized (or
destabilized) by the spindle environment.
DISCUSSION
The method we present for measuring the lengths and organization of microtubules in spindles uses femtosecond laser ablation
and fluorescence optical microscopy. In theory, EM could be
used to obtain similar structural information, but that technique
is extremely labor intensive, and only small spindles from unicellular organisms have been totally reconstructed so far. The
speed and simplicity of our method allow us to quantitatively
measure the organization of microtubules in several Xenopus
laevis egg extract spindles, which have volumes tens of thousands of times larger than spindles whose structures have
been previously solved by EM, and we were able to explore
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how the architecture in these spindles changes in response to
biochemical perturbations.
Our observations that microtubule lengths are broadly distributed with their minus ends and plus ends spread throughout the
Xenopus laevis egg extract spindles are qualitatively similar to
previous indirect measurements in this system (Yang et al.,
2007; Burbank et al., 2006), as well as partial EM observations
in other large spindles (Mastronarde et al., 1993; Srayko et al.,
2006). However, we were able to quantitatively measure the
spatial variation in microtubule lengths in the spindle as well as
microtubule polarity, and densities of minus ends and plus
ends, enabling us to perform detailed tests of mathematical
models of spindle organization. Our results show that spindles
are made of microtubules that are not selectively stabilized—
i.e., each individual microtubule has the same average length
regardless of its position in the spindle (averaged over its
lifetime)—but their organization in the spindle results in spatially
inhomogeneous lengths, with the shortest microtubules found at
the poles. This microtubule organization is mediated by spatial
variation of nucleation and local sorting of microtubules via
microtubule transport. We found that the mean length of microtubules from their minus ends is 6.8 ± 1.1 mm when transport is
inhibited in spindles (Figure 6B), which is indistinguishable from
the predictions of our model (!6.6 mm), our measurements on
microtubules nucleated off of Tetrahymena pellicles (6.9 ±
1.8 mm), and previous direct measurements of the lengths of
microtubules grown off of centrosomes in these extracts by
Tournebize et al. (2000) (6.3 ± 3.2 mm). These results further
argue that microtubule stability is not spatially regulated in spindles, in agreement with previous single-molecule measurements
that established that the residency times of tubulin in microtubules are not altered by the spindle environment (Needleman
et al., 2010) (though that study incorrectly concluded that the
mean length of microtubules was 3 mm, as observed in a different
extract system).
Previous works arguing that microtubules may be stabilized
near chromatin were based on studying microtubules outside
of spindles in the presence of constitutively active RAN (Athale
et al., 2008; Carazo-Salas et al., 2001; Caudron et al., 2005),
which might not represent the native activity of RAN on nonkinetochore microtubules in spindles or might only apply during the
onset of spindle assembly, instead of the fully assembled spindles that we study here. Our structural data do not cover the
regions within a few micrometers of the poles, so it is possible
that the behavior of microtubules very near poles is different
from that of the rest of the spindle (Loughlin et al., 2010). Our
model also does not take into account the known decrease in
microtubule transport close to poles (Burbank et al., 2007;
Yang et al., 2008), but inclusion of this decrease would not significantly change any of our conclusions.
Our model is reminiscent of the slide-and-cluster model
proposed by Burbank et al. (2007), but the role of microtubule
nucleation and transport is different in these two models. Our
results suggest that the spindle length is controlled by the profile
of microtubule nucleation, whereas microtubule transport only
locally sorts microtubules, determining their proper organization
in the spindle—polarity, location, and length—without moving
them appreciable distances. In contrast, in the slide-and-cluster
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model, microtubules are envisioned to nucleate exclusively in the
center of the spindle and slide all the way to the pole, and so, in
this model, the length of the spindle is determined by the
distance a microtubule slides before it depolymerizes. The
slide-and-cluster model is difficult to reconcile with previous
results showing that a typical microtubule in the spindle is expected to move only !1 mm before it depolymerizes, because
of its rapid turnover (!20 s lifetime) and slow movement
(!2.5 mm/min) (Needleman et al., 2010), or with perturbations
that strongly inhibit the speed of microtubule transport without
significantly modifying spindle length (Ganem et al., 2005;
Miyamoto et al., 2004).
What is the biological function of the complex architecture
in metaphase spindles that we observe? We speculate that
the inhomogeneous organization of microtubules may act as
a scaffold to correctly position components in the spindle. For
example, +TIPs and other proteins that bind growing microtubules naturally accumulate in the center of the spindle, which
may be important for their function in anaphase. Additionally,
the internal organization of microtubules may locally regulate
forces on chromosomes during congression and anaphase.
Our data do not directly address the microscopic mechanism
responsible for establishing the microtubule nucleation profile
and are qualitatively consistent with either a gradient of nucleation around chromatin—perhaps mediated by RAN (Karsenti
and Vernos, 2001) or the chromosomal passenger complex
(Sampath et al., 2004)—or microtubule-mediated microtubule
nucleation (Clausen and Ribbeck, 2007)—consistent with
proposals for the function of augmin (Goshima et al., 2008) and
the chromosomal passenger complex (Tseng et al., 2010). Interestingly, the nucleation profile resulting from our model (Figure 5B) is not symmetrical for microtubules of the same polarity
(though the total nucleation profile including both polarities is
symmetrical; see Figure 5E), which suggests that nucleation
may depend on microtubule polarity. Although further work
will be required to establish the relative contributions of
different nucleation pathways, our two-cut method opens up
the possibility of answering these questions by combining simultaneous measurements of both global morphological aspects
and detailed local structural properties of the spindle under
perturbations.
EXPERIMENTAL PROCEDURES
Spindle Assembly and Perturbations from Xenopus laevis Egg
Extracts
Cytostatic factor (CSF)-arrested egg extracts were prepared from Xenopus
laevis female oocytes as described previously (Hannak and Heald, 2006;
Murray, 1993). Briefly, demembrenated sperm and calcium were added to
extracts, resulting in the formation of nuclei. The reactions where then driven
into metaphase by addition of CSF-arrested extract, and spindles formed after
1 hr at 20" C. MCAK-inhibited spindles were assembled by adding 50 mg/ml of
MCAK antibodies during spindle assembly. Dynein-inhibited and Doubleinhibited spindles were assembled by adding 2 mM p150-CC1 and 2 mM
p150-CC1 and 200 mM monastrol, respectively, during spindle assembly.
Tetrahymena pellicles were purified following (Coue et al., 1991).
Microscopy and Image Analysis
We used either a Nikon wide field or spinning disk confocal microscope
(Nikon Ti2000, Yokugawa CSU-X1), a EMCCD camera (Hamamatsu), and

a 603 objective for image acquisition. The microscope room was maintained
at 20! C during experiments. Movies were taken either with the Nikon Elements software or MetaMorph (Molecular Devices). Each movie was analyzed using Matlab (The MathWorks) and Wolfram Mathematica custom-built
macros.
Laser-Ablation Procedure
The femtosecond laser is composed of a mode-locked oscillator delivering
100 fs pulses at a repetition rate of 80 MHz and a central wavelength of
790 nm, followed by a chirped pulse amplification. The output pulses were
delivered at a repetition rate of 10 kHz and attenuated to 2 nJ. The laser
beam was coupled into the microscope and tightly focused by a 603 1.4 NA
water-immersion objective. The sample was mounted on a stage that can
position it in 3D with submicrometer precision. We performed the plane-like
cuts by cutting several lines spaced by 0.5 mm along the out-of-plane direction.
We adapted the size and geometry of the cut to the shape and size of each
spindle. The total duration of a cut was typically 4 s.
Flux, Turnover, and Plus-End Density Measurements
We measured microtubule transport velocity on regular and double-inhibited
spindles by using cross-correlations on spindles with 0.5 nM Atto565-tubulin
(Burbank et al., 2006). We measured tubulin turnover by adding 0.5 mM
Atto565-labeled tubulin to previously assembled spindles in the presence of
0.5 mM Atto488-tubulin. Immediately after adding Atto565-tubulin, we fixed
samples every 15 s and imaged afterwards. Alexa568-EB1 was added to
previously assembled spindles at a final concentration of 0.1 mg/ml to
measure growing plus-end density.
Simulations
Two-state microtubule dynamics were simulated using Processing (http://
processing.org). Nucleation and catastrophe events were modeled as Poisson
processes.
SUPPLEMENTAL INFORMATION
Supplemental Information includes Extended Experimental Procedures,
five figures, and two movies and can be found with this article online at
doi:10.1016/j.cell.2012.03.027.
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